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1. Summary

While a considerable amount of literature deals with the
structural energetics of water-soluble proteins, relatively
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little is known about the forces that determine the stability
of membrane proteins. Similarly, only a few membrane
protein structures are known at atomic resolution, although
new structures have recently been described. In this article,
we review the current knowledge about the structural
features of membrane proteins. We then proceed to sum-
marize the existing literature regarding the thermal stabil-
ity of bacteriorhodopsin, cytochrome-c oxidase, the band 3
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protein, Photosystem II and porins. We conclude that a
fundamental difference between soluble and membrane
proteins is the high thermal stability of intrabilayer sec-
ondary structure elements in membrane proteins. This
property manifests itself as incomplete unfolding, and is
reflected in the observed low enthalpies of denaturation of
most membrane proteins. By contrast, the extramembra-
nous parts of membrane proteins may behave much like
soluble proteins. A brief general account of thermodynam-
ics factors that contribute to the stability of water soluble
and membrane proteins is presented.

2. Introduction

Biological membranes are essential to living organisms
as they provide a selective permeability barrier and also
the environment for a multitude of functional processes.
The membranes are composed of lipid and protein
molecules in an approximately equal proportion on a weight
basis, even though deviations are known to occur [68]. The
lipid molecules define a highly fluid bilayer that serves as
an anchoring matrix for the protein molecules. The protein
molecules, on the other hand, are traditionally divided into
two main classes: some of them contain a significant
portion of their mass within the interior of the membrane
(intrinsic or integral membrane proteins) while other pro-
teins are only associated to the surface of the membrane
(extrinsic or peripheral membrane proteins). In this review,
we will only consider integral membrane proteins in which
the peptide traverses the bilayer one or more times. Periph-
eral membrane proteins, even though essential components
of membranes, are actually water soluble proteins with a
high affinity for a specific component on the membrane
surface.

A lipid bilayer has a tripartite structure: the fatty acyl
chains make up a 25-30 A wide hydrophobic core that is
flanked by the relatively polar headgroup regions measur-
ing about 10-15 A each. The bilayer is however a very
dynamic structure and thermal fluctuations appear to im-
pose a large effect on its thickness [238]. Thus it is not
appropriate to consider a bilayer as a static hydrocarbon
slab (for a review on the nature of lipid bilayer and
peptide—bilayer interactions, see ref. [236]). The core has a
dielectric constant close to that of liquid alkanes (e = 2),
whereas the headgroup regions have an intermediate di-
electric constant in the range of 10-30 [68]. For compari-
son, water has an € of 80 while a typical protein interior is
thought to have an e of 3-5 [83]. Owing to the ester
carbonyls and water associated to the lipid headgroups,
lipid molecules are electrical dipoles which, when oriented
as in a bilayer, give rise to a considerable electric potential
(on the order of hundreds of mV), positive inside the
bilayer [58,60,68]. This so-called dipole potential appears
to be an inherent property of any lipid bilayer whether
natural or man-made. Its presence may explain why a
bilayer is generally far less permeable for a positive than

for a negative ion. However, interaction of electrical mem-
brane potential with positively charged side chains is
thought to be the most important topological determinant
of membrane proteins {6].

During the last decade a significant effort has been
devoted to the elucidation of the mechanisms that control
the folding and particularly the insertion and topological
determinants of membrane proteins (see Refs.
[33,44,49,50,92,117,128,150,156,157,163,164,210,215,224,
228,235,244,252] for recent accounts). As a result, the
membrane topology of an a-helical multispanning mem-
brane protein can often be predicted with relative accuracy
from the primary structure of the protein [94,150,152,
194,226]; but see [252,256]. Much less is known about
how the helices interact to make up the tertiary structure,
although some features of this process are currently emerg-
ing [155]. Since membrane proteins have proven to be
extremely difficult to crystallize or to study by other
methods aimed at high resolution structure determination
(for recent achievements see Refs. [105,153]), most topo-
logical information derives mainly from studies employing
site-directed mutagenesis and biochemical assays as well
as sequence analysis and structure prediction. Also, and
contrary to the case of water soluble proteins, relatively
little is known regarding the magnitude and relative impor-
tance of the forces that determine the structural stability of
membrane proteins (cf. [36,39,244]). The purpose of this
review is to summarize recent observations and advance
some unifying principles regarding the structural stabiliza-
tion of membrane proteins.

Unlike soluble proteins, intrinsic membrane proteins are
designed to fold and exist in a milieu from which water is
largely excluded. Since the magnitude of many of the
forces involved in protein folding (e.g., hydrogen bonding,
the hydrophobic effect and electrostatic interactions) is
intimately coupled to the properties of the solvent, those
forces are expected to play different roles in the stabiliza-
tion of membrane proteins [157,164]. For example, the
hydrophobic effect cannot directly drive tertiary structure
formation within the lipid bilayer. Also, questions concern-
ing matters such as the folding pathway or the formation
and stability of secondary structure may have distinctly
different answers in the case of membrane proteins. How-
ever, there is one field of structural research in which
membrane proteins may offer an advantage over soluble
proteins: prediction of secondary and tertiary structure
from the amino acid sequence. This is the case because of
the constraints imposed by the lipid bilayer on the possible
folding schemes of a transmembrane protein, thus reducing
the number of conformations accessible to the polypeptide
(see, e.g., [50,228], but see also [117,252] and Section 3.2).
In the case of some «-helical membrane proteins having
only short extramembranous loops that limit the possible
arrangement of the helices, the structure prediction prob-
lem reduces to a large extent to that of discriminating lipid
facing residues from those facing other helices
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[9,50,163,164,217]. A fully automated sequence-based pre-
diction method for a-helical membrane proteins has been
described [210].

To date, the stability of only a handful of membrane
proteins, including cytochrome-c oxidase, bacterio-
rhodopsin, the band 3 protein from red blood cells and
plant Photosystem Il have been measured calorimetrically,
providing a relatively small set of thermodynamic data. A
common observation of these calorimetric studies is that
the enthalpy change associated with the thermal denatura-
tion of these molecules is smaller than the one found for
water soluble proteins of similar molecular weight, sug-
gesting that membrane proteins do not undergo complete
thermal unfolding.

From a structural point of view, membrane proteins are
composed of (i) regions that are exposed to the aqueous
medium, (ii) regions that are in direct contact with the lipid
components of the membrane and (jii) regions that face the
protein interior, cofactors or other proteins that are either
intrinsic or extrinsic (for an experimental method to define
these regions, see [4]). In general, the proportion of protein
mass exposed to the aqueous medium can be as small as
20-30% as in the case of bacteriorhodopsin [80] or as
large as more than 90% as in the case of prostaglandin H
synthase [153]. In some multisubunit membrane proteins
such as cytochrome-c oxidase, some of the subunits are
very hydrophobic and are likely to reside largely inside the
bilayer while other subunits are rather hydrophilic and are
located outside the lipid bilayer membrane. Owing to this
promiscuous nature of membrane proteins, it is apparent
that protein—protein as well as protein—lipid interactions
and the hydration of amino acid residues need to be
considered in order to account for their structural stability.

3. The structure of membrane proteins
3.1. Survey of structural features

The 3D structures of three non-related membrane pro-
teins have been solved to atomic resolution, viz. structures
of two bacterial reaction centers [3,26,45,55,100,128], four
porins [32,104,233,234] and, very recently, prostaglandin
H synthase [153,255]. The largely a-helical structure of
bacteriorhodopsin has been determined at near atomic
resolution (3.5 A and 10 A resolution in the parallel and
perpendicular planes of the membrane, respectively) by
using cryo-electron microscopy of 2D crystals [80]. The
same technique has also been used to demonstrate helix
movements associated with proton translocation during the
photocycle of bacteriorhodopsin [207]. The structure of the
plant light-harvesting complex at 3.4 A resolution was
recently determined with electron crystallography [105].
For a number of other membrane proteins, cryo-electron
microscopy of 2D-crystals has yielded structural informa-
tion at a resolution high enough to allow at least partial
identification of secondary structure elements (Ca®*-

ATPase [214,256]; Photosystem I [102]; the band 3 protein
[48,230]; halorhodopsin [78]; rhodopsin [181]; the nicotinic
acetylcholine receptor [218]; the vacuolar H*-ATPase pro-
teolipid [56]). In the case of a bacterial chemoreceptor,
where a major part of the protein makes up a peripheral
water soluble domain, it has been possible to determine the
structure of the soluble part by X-ray crystallography
[129,189] and use that information together with results
from other, less direct experiments to obtain a structural
model of the whole protein [119,148,189]; for related
studies on other proteins, see Refs. [1,13,47,220]. Simi-
larly, the structure of the soluble portion of cytochrome f
from the chloroplast b, f complex has been recently deter-
mined at 2.3 A resolution [34,125].

The transmembrane parts of both the bacterial reaction
centers and bacteriorhodopsin are «-helical, in contrast to
those of porins, which are almost 100% f-sheet proteins.
Prostaglandin H synthase [153] appears to be an example
of what was thought to be an unlikely folding pattern for a
membrane protein, viz. a monotopic membrane protein
[14,193] (see Fig. 1). This enzyme is mostly extramembra-
nous and has four short amphipathic helices parallel to the
membrane plane; these helices anchor the enzyme to the
bilayer without traversing the whole membrane [153,255].
It is notable that this mode of interaction with the bilayer
could not be predicted by sequence analysis [255]. In the
lower resolution structures cited above, the predominant
membrane-spanning element appears to be the a-helix;
however, one should remember that 3-sheet may be harder
to identify by electron crystallography (cf. [71,117,218]).
The determination of membrane protein secondary struc-
tures by using spectroscopic techniques is not always
straightforward [33,57,218,247). Thus, the apparent rarity
of B-sheets among the currently known membrane protein
structures may also reflect the limited size of the existing
high resolution structural database. In fact, the transmem-
branous segment of the nicotinic acetylcholine receptor
may be representative of a fourth membrane protein fold-
ing motif. The receptor transmembrane domain appears to
comprise five central a-helices, one from each of the five
homologous subunits, surrounded by a fS-sheet barrel
[71,218,247,252] (see Fig. 1f), a structure resembling the
toxin fold found in two pentameric bacterial toxins
[195,198]. Another example of intrabilayer B-structures
might be provided by voltage-gated potassium channels in
which an eight-stranded antiparallel S-barrel surrounded
by 24 a-helices has been suggested to form the ion
selective pore of the channel [51,154,252]. Each of the four
subunits of the potassium channel is thought to contribute
six helical segments and a [-sheet hairpin which forms
part of the pore (see Fig. 1g). (Note that in this case the
pore may not be in contact with lipids.)

3.2. The membrane spanning helix

The transmembrane «-helix is undoubtedly the best
characterized structural element in membrane proteins. A
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Voltage-gated ion channel

Fig. 1. Membrane protein topologies [14,193,224] (a) type I membrane protein (b) type II membrane protein (c) type 11l membrane protein. The former are
bitopic membrane proteins. (d) a type IV or multi-spanning (polytopic) membrane protein; for examples of other polytopic proteins, see Figs. 1(h) and 4.
The plus-signs refer to Lys and Arg side chains which are predominantly found inside the membrane (the positive inside rule [226]). (e) a monotopic
membrane protein (prostaglandin H synthase, reprinted with permission from Nature [153]). The protein is dimeric; the four amphipathic helices which
interact with the membrane are labeled A, B, C and D. (f) porin-type B-barrel: Rb. capsulatus porin [233] drawn using the program MOLSCRIPT by Kraulis
[101]. (g) schematic model of an a/B membrane protein motif, proposed to be present in each of the five acetylcholine receptor subunits [218]. The fold
shown is from cholera toxin B-subunit [195], drawn with moLscriPT [101]. (h) tentative folding pattern of voltage-gated channels, which might comprise
another type of a/B membrane protein; S1-S6 refer to the transmembrane segments which are thought to be helical; H5 refers to the pore region of the
channel which might be in B-sheet configuration [154,252]. The plus-signs in S4 stand for the intramembranous Arg and Lys residues found in this
segment; these are thought to comprise the voltage sensor of the channel.
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typical transmembrane helix consists of about 20 consecu-
tive non-charged amino acids that in an a-helical configu-
ration can span the 30 A long hydrophobic core of the
lipid bilayer. As a 3,,-helix, a shorter peptide would also
be capable of traversing the membrane. Furthermore, it has
been argued [117] that in a multispanning membrane pro-
tein, such as the band 3 protein, helices which do not face
lipids can be much shorter than 20 residues; in fact,
according to Lodish [117], there is no reason why the
interior of a large membrane protein should necessarily be
helical at all. In the bacterial reaction center, the trans-
membrane a-helices are actually longer, ranging from 21
to 28 residues in length [127,128], but their non-charged
region is only 25 A or at least 16 amino acids long
[55,128]. The non-charged region is covered by detergent
in the crystals {171,172]. In bacteriorhodopsin the helix
length varies between 20 and 27 residues. The helices are
often longer than the canonical 20 residues either because
they are tilted relative to the membrane plane, or because
the helix ends are hydrophilic and extend for one or two
turns to the aqueous phase. In the cases of plant light-
harvesting complex and the aspartate chemoreceptor, much
longer helices are observed due to long hydrophilic exten-
sions of the actual transmembrane segments {105,189,214].
On the other hand, truncation experiments have shown that
a 17 residues long transmembrane segment is needed for
stable membrane insertion; however, a transmembrane seg-
ment as short as 12 residues was sufficient to render the
model protein predominantly membrane-bound [42]. The
study of Adams and Rose [2] yielded similar results.

Contrary to an a-helix under aqueous conditions, a
transmembrane helix buried inside the lipid bilayer is a
remarkably stable structure [53,244,249,250]. The main
reason for this is the absence of water inside the bilayer
and the lack of competition by H,O for the hydrogen
bonds that stabilize the a-helix. Consequently, a structure
having a maximum number of hydrogen bonds satisfied
intramolecularly such as an a-helix (or a B-barrel) is
strongly favored over other configurations in the low
dielectric environment. In addition to the highly favorable
free energy of a hydrogen bond inside the bilayer, the
hydrophobic effect (i.e., the hydrophobicity of the side
chains) also makes a significant contribution to the mem-
brane partitioning and stability of a transmembrane helix.
The free energy of stabilization of a 20-residue transmem-
brane helix has been estimated to be on the order of 70
kcal /mol [53]. For comparison, the folded conformations
of soluble proteins are stabilized by free energies ranging
from 5-15 kcal /mol [138,160].

A transmembrane helix has often been thought to per-
form a rather passive function in most membrane proteins,
being essentially a hydrophobic membrane anchor without
much structural characteristics beyond non-polarity. How-
ever, recent studies suggest that membrane spanning seg-
ments do have some specific features [93,106,110,
150,194,227,249). For example, intermolecular helix—helix

LIPID BILAYER

Tyr |
Trp Ile Val Lea——— Trp|;
Phe

Transmembrane domain (21 aa)

Fig. 2. Characteristic features of the single transmembrane segment of
human type I membrane proteins according to Ref. [106]; see also [93]. In
and out refer to the inside and outside of the membrane, respectively.
Helix initiators Asn, Ser and Pro appear to be enriched in the N-terminal
extracellular region preceding the transmembrane segment, whereas Lys
and Arg residues are found in the intracellular part. Aromatic residues
occur at interfacial positions. Residues which favor B-strand secondary
structure are found in the C-terminal part of the transmembrane segment;
the N-terminal half shows a preference for leucines (cf. [93]) which favor
a-helical conformation. Ala, Gly and Phe were also found to be enriched
in the transmembrane spans studied. For a more general sequence analy-
sis of transmembrane segments, including those of multispanning pro-
teins, see [93]. Adapted from Ref. [106].

interactions inside the lipid bilayer appear to be crucial for
the function of many single-span membrane proteins (re-
viewed in [110,246]; see also [249]). In a number of
homologous single-spanning membrane proteins, the trans-
membrane segments exhibit higher interspecies conserva-
tion than the soluble domains of the same proteins [202].
Landolt-Marticorena et al. [106] analysed the assumed
transmembrane sequences and their flanking regions in
115 human proteins that have a single transmembrane span
with N-terminus facing the outside, a topography classified
as type I membrane proteins (Fig. 1). Clear trends were
observed: six amino acids (Ile, Leu, Val, Ala, Phe, and
Gly) appear to be enriched in the transmembrane segment.
Of these, only Ala and Phe did not show any positional
preference in the sequence. Leucine appears more often in
the cytoplasmic half of the transmembrane segment while
Ile and Val seem to prefer the cytoplasmic half of the
helix. The suggested consensus sequence for human type 1
transmembrane segments is shown in Fig. 2. Trp, Tyr and
Phe appear to favor an interfacial position, a feature that is
also present in more complex membrane proteins (see
below). In keeping with the positive inside rule of von
Heijne et al. [6,194,223,224,226] which also applies to
multispanning proteins, Lys and Arg residues were found
to be enriched in the cytoplasmic sequence after the trans-
membrane segment. Glycine is found in transmembrane
domains of multiple span proteins as well [93,227]. In
general, helices in multispanning proteins appear to be
more polar than those in single-span proteins [93].

A clustering of aromatic residues at the polar /non-polar
interface is observed in the reaction centers, porins, prosta-
glandin H synthase and also in the peptide ionophore
gramidicin A. In this latter case, the four boundary trypto-
phans may hydrogen-bond to the lipid headgroups or water
and are likely to play a role in anchoring the peptide in a
correct orientation within a bilayer [86]. The tryptophan
dipole moments have their major component along the
channel axis, which appears to be an important electro-
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static factor controlling the cation channel function of
gramicidin which has no charged residues [63,86,99]. Fur-
thermore, studies with model compounds mimicking the
side chain of a tryptophan show that an indole ring parti-
tions spontaneously to the lipid headgroup region of a
bilayer [236,240]. The driving force of this process has a
substantial enthalpic component, implying that factors other
than the hydrophobic effect (e.g., van der Waals interac-
tions, hydrogen bonding) are also involved in stabilizing
the interfacial location of tryptophans [240].

In proteins of known 3D structure the outer interface
aromatic ring is more polar than the one at the inner
interface, suggesting that this difference might be involved
(in addition to the positive inside rule) in translocation and
in orienting the protein within the bilayer {182]. Inspection
of the reaction center structure shows that many trypto-
phans participate in hydrogen bonds with distant main
chain carbonyls, which may contribute to the stability of
the tertiary structure ([182]; see also [36]). Those trypto-
phans of the reaction center that reside in the hydrophobic
core region appear to interact with the light-absorbing
pigments ([128]; cf. [80]. In agreement, site-directed muta-
genesis studies with bacteriorhodopsin and with another
seven-helix protein of the rhodopsin family indicate that
tryptophans in transmembrane segments, while not essen-
tial for function, participate in ligand binding [131,232]
and also contribute to the stability of the protein [131].

Although proline is an a-helix breaker (see [38,46,239]),
it is common in the transmembrane segments of type II
and multispanning membrane proteins [17,93,225,227]. In
particular, prolines are frequently found in the middle
positions of transmembrane segments of multi-spanning
proteins; these prolines tend to be highly conserved [93].
The presence of a proline in the middle of a helical
segment often results in a kink and prevents the formation
of several helical hydrogen bonds [239,225). The proline
causing the kink and the residues left without their back-
bone hydrogen bonds are usually on the open convex side
of the helix [225]. Moreover, there appears to be a prefer-
ence for polar side chains in the helical positions predicted
to be on the convex side. In most cases, this side faces
another helix or a cofactor and not the lipid ([225] but see
also [9]).

Charged residues also occur in transmembrane seg-
ments, and they can in fact be stabilizing provided that
they form ion pairs inside the bilayer [82,83]). The best
characterized example is bacteriorhodopsin, in which sev-
eral functionally important ion pairs are found [80,103,199].
Both structurally and functionally important charged
residues occur in lactose permease [95,108,175]. Ton pairs
appear to play a role in some interhelical interactions as
exemplified by the structure of the light-harvesting com-
plex [105], and they provide a mechanism for oligomeriza-
tion of individual subunits (see below). Ion pairs may also
be intrahelical, as is thought to be the case in the voltage
sensor of voltage-gated potassium channels [51]; cf. [105].

3.3. B-Sheet structures

Unequivocal evidence for the presence of intrabilayer
B-structures exists only in the case of porins; transmem-
brane B-sheets are also very likely to occur in the acetyl-
choline receptor [71,218,252]. As expected for a B-strand,
7-9 residues are needed to traverse the hydrophobic core
of the membrane in porins [32,184,233]. Every second
residue in the membrane spanning [B-strand of porins faces
the lipid and is thus hydrophobic. The rest of the residues
can be either hydrophobic or hydrophilic depending on
whether they are buried inside the protein structure or
exposed to the porin channel. Hence, stretches of hy-
drophobic residues are not necessary to span the mem-
brane. Strategies for sequence-based prediction of trans-
membrane S-strands are not as straightforward as those
developed for transmembrane helices. For example the two
E. coli porins and porins from phototrophic bacteria have
similar 3D structures, even though they have non-related
primary structures [104,183]. Yet, Schirmer and Cowan
[184] have made use of the observations that every second
residue in a porin transmembrane @B-strand is hydrophobic
and that aromatic residues cluster at the bilayer interface to
predict the locations of the transmembrane [-strands in a
porin. It is clear, however, that the development of accu-
rate structure prediction algorithms requires a more exten-
sive database than the one currently in existence. A major
issue, for example, is the development of algorithms that
accurately differentiate between a transmembrane a-helix
and two or three consecutive membrane-spanning [B-sheets
[57,155,252].

3.4. Interactions between secondary structure elements

Analysis of bacterial reaction center structures [163]
suggests that in a membrane spanning helix the amino acid
residues facing the lipid moiety are more hydrophobic than
those facing other helices, i.e., the transmembrane helices
in multiple span proteins are often amphipathic. Moreover,
the residues in contact with lipids are less well conserved
than the residues which point toward the protein interior
[93,163,164). During evolution, lipid-facing residues have
tended to become substituted with only certain residues.
Consequently, analysis of substitution patterns in related
sequences yields information on whether a helical surface
is likely to be exposed to the lipid or buried in the protein
interior [50,93] (although one should keep in mind that the
predictive power of all the methods cited above has been
verified with a very limited structural database). The pack-
ing density and hydrophobicity of the reaction center
interior appears to be similar to that of water-soluble
proteins [164], implying that van der Waals interactions are
central for the interhelical interactions and stability of both
types of protein !. Accordingly, the driving force for the

! The interiors of soluble proteins are tightly packed and are thought to
be best approximated by crystalline small organic molecules [28,38,167].
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helix—helix association inside the bilayer is thought to be
mainly enthalpic [54,231,243], although the ‘lipophobic’
nature of membrane proteins may also be caused in part by
the entropic preference of a lipid molecule to maintain as
many lipid neighbors as possible [54].

The interaction between two helix macrodipoles would
be expected to favor antiparallel association of two neigh-
boring helices. In practice, both antiparallel (e.g., the
bacterial reaction centers, bacteriorhodopsin and rhodopsin)
and parallel (plant light-harvesting complex, glycophorin
A dimer, bacterial chemoreceptor dimers) arrangements
are observed. In fact, the energy gain due to the anti-
parallel alignment of the helices has been estimated to be
quite small, on the order of 1-2 kcal/mol in the
Rhodobacter sphaeroides reaction center [26]. Theoretical
work suggests that the strength of the interaction between
helix macrodipoles depends on the degree of the exposure
of the helix ends to water [70].

As mentioned above, charged residues, although not
common, do occur in transmembrane segments. The re-
cently published structure of plant light-harvesting com-
plex shows that two interhelical Glu-Arg ion pairs are
present [105]. The function of bacteriorhodopsin depends
on intramembrane acidic and basic residues [80,103]. Sev-
eral salt bridges with distinct functions have been identi-
fied in the transmembrane segments of lactose permease
[95]. Furthermore, charged residues in the single trans-
membrane domains of certain T-cell receptor subunits
appear to play an essential role in the assembly of the
receptor complex [30,124,174].

In the majority of helix—helix interactions, charged
residues are not required [253). For example, glycine-rich
sequences mediate the association of a- and B-chains of
the class II major histocompatibility complex [29]. (In this
process, an ion pair as well as complementary packing
interactions play only facilitative roles causing het-
erodimers to be favored over homodimers [29].) A recent
cysteine mutagenesis and disulfide cross-linking study sug-
gests that the contact surface between the two transmem-
brane helices of the E. coli leader peptidase is composed
of non-charged residues [237]. Similarly, the dimerization
of the red cell sialoglycoprotein glycophorin A (a type I
membrane protein; see Fig. 1) occurs solely through its

Position Residue @
@ 0 Gly, Ala, Ser, Thr, or Pro
1 no specificity
2 no specificity .
3 Ala, Val, Leu, or Ile Residue #
4 Gly Dimerization

transmembrane segment that does not have any charged
residues [15,65,111}; cf. [249]. Glycophorin A dimer is
stable in the presence of SDS, enabling direct detection of
the dimers using SDS-polyacrylamide gel electrophoresis.
Furthermore, a chimera of the normally monomeric soluble
enzyme staphylococcal nuclease and the transmembrane
domain of glycophorin A also forms SDS-stable dimers
and can be purified with methods worked out with the
nuclease [111,112]. Dimerization of the chimera can be
specifically and competitively inhibited with peptides hav-
ing the same sequence as glycophorin A transmembrane
domain. Mutational analysis of the transmembrane domain
of the chimera [112] shows that the dimerization is in part
controlled by a five-residue sequence motif found also in
the single transmembrane segments of a family of growth
factor receptors, such as the neu receptor [22,203,204] and
other transmembrane proteins [130,249] which also exist as
dimers. It is noteworthy that a point mutation within the
sequence motif in the neu receptor results in malignant
growth, probably due to the formation of permanent rather
than transient, ligand-induced dimers [203] (see Fig. 3a).
Yet it is unclear how the Val — Glu mutation in position 3
of the Sternberg—Gullick motif [203] could bring about
dimerization since according to the analysis of Lemmon et
al. [112] this residue should not reside at the dimer inter-
face.

The proposed oligomerization motif comprises five con-
secutive residues: The first position is occupied by a small
residue (Gly, Ala, Ser, Thr, or Pro), the fourth by an
aliphatic one (Ala, Val, Leu, or Ile) and the fifth residue is
either Ala or Gly [203,204] (Fig. 3a). In glycophorin A the
first as well as the last residue of the motif is glycine. All
tested substitutions of either Gly abolished dimerization
completely (with the exception of replacing the first Gly
by Ala, which resulted in only partial loss of dimerization)
[112]. However, in glycophorin A several critical residues
fall outside of the five residue motif (Fig. 3b). In particu-
lar, one Thr and two aliphatic residues that in an helical
projection reside on the same face with the essential
glycines perform a role in dimer formation; it seems that
the interhelical surface covers about two-thirds of the
length of the glycophorin A transmembrane segment [112]
(see Fig. 3b). It has in fact been proposed that the actual

GLYCOPHORIN A TRANSMEMBRANE SEQUENCE
OUT-ITLIIFGEYVMAGVYIGITILLISYGI-IN

737475767778 79 80 81 82 83 8485 86 87 888990 91 92 93 94 95
T TR T T T T S S S SR

Fig. 3. (a) The five-residue oligomerization motif in transmembrane helices [203). In the oncogenic form of the neu receptor (a tyrosine kinase linked
growth factor receptor), the P3 Val residue of the wild-type receptor has been replaced by a Olu, resulting in constitutive activation of the receptor and
transformation of the affected cells. (b) Analysis of residues involved in the formation of a glycophorin A dimer (adapted from [112]). The larger the +
symbol, the more important is the residue for dimerization. Residues involved in glycophorin A dimerization were identified using site-directed
mutagenesis and SDS-PAGE [112]. The average effect of several substitutions of each residue along the transmembrane helix by non-polar residues is
shown. The five-residue motif of Sternberg and Gullick [204] is outlined; amino acids that comprise the seven residue dimerization sequence
LIxxGVxxGVxxT [113] are underlined. In an «a-helix, these residues are on the same side of the helix. For related studies with another model protein, see

[249].
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dimerization motif reads LIxxGVxxGVxxT, which, when
placed into a polyleucine peptide, causes specific dimeriza-
tion of the peptides [113]. Further, a Fourier transform
analysis of the contribution of each residue along the
transmembrane segment to the dimer disruption indicates a
period of 3.9 A (instead of the standard value of 3.6 A for
a regular o-helix), suggesting that the two interacting
helices form a right-handed supercoil [112]. In agreement,
a molecular modeling study using simulated annealing
indicates that the two helices could form a right-handed
coiled coil with the helical axes approaching as close as to
within 7 A of each other at the first essential glycine and
with an interhelical hydrogen bond between the essential
threonines [216] (see Fig. 3b). For analogous mutagenesis
and modelling studies with phage M13 coat protein, see
Ref. [249].

In the porin trimer, the B-barrel of each monomer
interacts with its two neighbor monomers, resulting in a
very rigid interaction surface with low crystallographic
temperature factors [233]. The proportion of the residues
involved in the subunit—subunit contacts varies between 23

and 28% among different porins [32,104,233). The inter-
subunit interactions are mediated by a number of hydrogen
bonds located mostly at the level of outer surface of the
bilayer and in the outer loops, and by van der Waals forces
among several phenylalanines situated at the level of the
hydrophobic core of the bilayer. The N- and C-termini of
each monomer form ion pairs at the interface thereby
rigidifying the structure further [32,104,233]. In the E. coli
porins [32], phenylalanines appear to interact with small
residues in neighboring [B-barrel. An additional stabilizer
in the Rb. capsulatus protein are three calcium ions which
are chelated between each monomer [31,188,233].

4. Thermal stability of membrane proteins. Survey of
experimental results

Contrary to the case of water soluble proteins, only a
few membrane proteins have been thoroughly studied by
high sensitivity differential scanning calorimetry (DSC)
(which is the method of choice if quantitative thermody-
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Fig. 4. Bacteriorhodopsin membrane topology. The seven transmembrane helices, designated A to G, are shown. Retinal binds to Lys-216 in helix G
{encircled). 66 % of the residues are located in the transmembrane domains. Cut* = continuous backbone in this loop is not necessary for folding to a
native-like structure; Ins ™ = this loop tolerates an insertion; Del* = this loop can be shortened and the protein is still functional. Minus-superscript in the
previous characters denotes the opposite effect. In loop A /B, a covalent link was found necessary for functional reconstitution by Liao et al. [116]; in the
peptide work of Kahn and Engelman [96] no continuous backbone in the loop was required for folding, but the peptides used to form helices A and B
overlapped in the loop region. The bars marked B1 and C1 refer to the fragments composed of helices A-E and C—G, respectively. Despite both of the
fragments contain transmembrane helices C, D and E, they can be combined to make functional bacteriorhodopsin [116]. Thus the overlapping segments do
not interfere with folding (while neither fragment alone is functional). For other references, see the text.
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namic information is to be obtained). Moreover, the stabil-
ity of a membrane protein with a large surface area
exposed to the bilayer is expected to be a function of the
amphiphile used to disperse the protein. In most cases the
role of the amphiphile has not been systematically studied.
Below, we summarize the results available.

4.1. Bacteriorhodopsin

Bacteriorhodopsin (M, = 26 kDa) is a light-driven pro-
ton pump that converts solar energy into a proton electro-
chemical potential. It is the sole protein component of the
purple membrane of archaebacterium Halobacterium sali-
narium (formerly H. halobium); the purple membrane is,
in fact, a 2D crystalline array of hexagonally organized
bacteriorhodopsin trimers (see Figs. 4—6). Monomeric bac-
teriorhodopsin is, however, also functional. The stability of
bacteriorhodopsin has been studied calorimetrically both
when in the purple membrane [20,90,191] and also when
in the monomeric state in detergent-lipid micelles [21].

By weight, 75% of the purple membrane is bacterio-
rhodopsin and there are only about 10 lipid molecules per
bacteriorhodopsin molecule in the membrane [98]. A large
fraction of the lipids are unusually polar owing to the
presence of suifate headgroups. Although a minor compo-
nent of the membrane, the lipids play a specific role in the
2D crystal lattice of bacteriothodopsin molecules
[158,200,201], probably because the charged polar head-
groups are involved in lattice formation. The crystal lattice
is composed of bacteriorhodopsin trimers which are further
organized to form hexagonal crystals (Fig. 6). It is pre-

Bacteriorhodopsin

ouT D

Fig. 5. The transmembrane helices of bacteriorhodopsin seen from the
membrane plane. Retinal bound the Lys-216 of helix G is shown as ball
and sticks model. The structure of the extramembrane loops is not shown.
The letters A~G refer to the helices shown in detail in Fig. 4. The figure
was drawn with the program MoiSCRIPT [101] using the coordinates of
Henderson et al. [80].

Fig. 6. Electron density map of the purple membrane of Halobacterium
salinarium (reproduced with permission from Ref. [207]) showing a
bacteriorhodopsin trimer. Helices A, G, F and E are tilted relative to the
membrane normal, and their extracellular ends are marked with A, G', F’
and E', respectively. Note that the intermonomeric contact occurs mainly
between helices B and D, and, to a lesser extent, between helices A and
E.

cisely those crystals of the native purple membrane that
were used in the determination of the current structural
model of bacteriorhodopsin [80]; see Fig. 5.

A prominent feature of the bacteriorhodopsin structure
is a bundle of seven transmembrane helices connected by
short extramembrane loops and possibly two or three short
helices parallel to the membrane plane (Fig. 5). All the
transmembrane helices contribute to the binding site of the
prosthetic group, retinal {73,80]. Upon absorbing a photon,
the chromophore isomerizes from an all-trans to a 13-cis
form, which then leads to proton translocation assisted by
movements of the transmembrane helices [173,207]. A
recent analysis [166] based on the cryo-electronmicro-
scopic structural model of Henderson et al. [80] suggests
that the external surface of bacteriorhodopsin is relatively
hydrophilic in contrast to the original prediction [163] but
consistent with the recent theoretical work of Donnelly et
al. [50]. Considering the structure of the purple membrane,
it is possible that some of the exposed polar residues may
actually not face lipids. Instead, they may face other
bacteriorhodopsin molecules and participate in the forma-
tion of the 2D lattice. In the bacteriorhodopsin trimer, the
intermonomer contacts occur primarily between helices B
and D and to a lesser extent between A and E (cf. [207]),
all of which contain some polar residues (see Figs. 4 and
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6). In particular, helix D has a Gly-rich external face that
appears to interact with helix B [50,80,166,207].

From the above discussion it is evident that the struc-
tural stabilization of bacteriorhodopsin must involve intra-
molecular interactions, intermolecular interactions, interac-
tions of the protein with the lipid bilayer and also interac-
tions with the retinal chromophore.

The calorimetric scans of bacteriorhodopsin in the pur-
ple membrane are complex, exhibiting several reversible
pretransitions in addition to the major, irreversible transi-
tion with a T, near 100°C at neutral pH [20,90,191]. The
major, irreversible transition corresponds to the denatura-
tion of the protein and has a calorimetric enthalpy of
approx. 100 kcal /mol (3.7 cal/g) at 100°C and neutral
pH. This value is substantially smaller than that of a
typical soluble protein at the same temperature (12 cal /g).
One of the pretransitions below 80°C coincides with a 100
nm blue-shift in the optical spectrum of the bound retinal
[20,901.

Monomeric micellar bacteriorhodopsin is less stable
than the trimeric bacteriorhodopsin in the purple mem-
brane [21]. The main denaturation transition of this species
is centered at 80°C. Remarkably, the measured enthalpy
change for both species is similar (= 100 kcal /mol),
suggesting that the major stabilizing effect of the crystal
lattice is of an entropic origin and that the entropy term
contributes about 5 kcal /mol to the free energy of stabi-
lization. The monomeric protein also exhibits a calori-
metric pretransition detectable as a 100 nm blue-shift in
the visible spectrum of the chromophore [21]. Presumably,
this pretransitional rearrangement within a monomer acts
as a trigger for further rearrangements within the crystal
lattice [20,90,191].

According to Jackson and Sturtevant [90] and Brouil-
lette et al. [20] the calorimetric scans of bacteriorhodopsin
do not depend on the scanning rate suggesting that the
processes observed reach equilibrium during the measure-
ment and that the irreversible step occurs at a later stage.
However, these results differ from those of Galisteo and
Sanchez-Ruiz [66] who found a significant scanning rate
dependence.

For the trimeric protein, the ratio of AH ,/AH,, is
clearly higher than 1 and approaches the value of 3,
suggesting intermolecular cooperativity and that in the
purple membrane the protein most likely denatures as a
trimer [20,90,97]. Consistent with this interpretation,
AH  /AH ,, for monomeric bacteriorhodopsin is close to
1 [21]. (However, according to the analysis of Galisteo and
Sanchez-Ruiz [66] and Morin et al. [134], the ratio of the
van 't Hoff enthalpy to the calorimetric enthalpy cannot be
used by itself as a measure of the cooperativity of the
transition, if the transition is scanning-rate dependent.) As
discussed above, interactions within the crystal lattice con-
tribute about 5 kcal /mol to the free energy of stabilization,
increasing the transition temperature from about 80 to
100°C. The disruption of the interactions within the lattice

triggered by the denaturation of the first protein molecule
will immediately lower the transition temperature of the
remaining two molecules in the trimer. Since this process
occurs at 100°C, the remaining molecules will immediately
find themselves above their transition temperature result-
ing in a cooperative denaturation cascade.

A direct determination of AC, from a thermogram of
bacteriorhodopsin has not been possible; however, Brouil-
lette et al. [20] have shown that above 80°C the enthalpy
change increases linearly with temperature with a slope of
0.046 cal K~ 'g~!. This is a remarkably low value (about 3
times smaller than the AC, of myoglobin for example),
especially considering that bacteriorhodopsin is an integral
membrane protein with a large fraction of hydrophobic
residues.

The extremely low AC,, suggests that upon denaturation
not a very large number of hydrophobic groups become
exposed to water. This observation is substantiated by the
additional result that the calorimetric enthalpy of
monomeric bacteriorhodopsin exhibits no clear tempera-
ture dependence when the protein is reconstituted using a
large excess of lipids and detergent [21]. Under these
conditions, a larger fraction of hydrophobic residues may
not become exposed to water but to lipid upon denatura-
tion, resulting in an even smaller heat capacity change.

Another important conclusion from the calorimetric ex-
periments is that the enthalpy change is smaller than the
change expected for the complete unfolding of a water
soluble protein of similar molecular weight. It should be
noted that the unfolding enthalpy of a transmembrane helix
must be significantly higher when the unfolding is not
accompanied by exposure to water, since the disruption of
intramolecular hydrogen bonds will not be compensated by
the formation of hydrogen bonds with water. The small
experimental enthalpy suggests that the transmembrane
helices do not unfold upon thermal denaturation. This
conclusion agrees with the observation that the main
calorimetric transition is not accompanied by a major
change in the CD spectrum of the protein. The relatively
minor temperature-dependent changes seen in the CD
spectra might be accounted for by the unfolding of the
hydrophilic ends of the transmembrane helices and by the
unfolding of the putative helices that run parallel to the
membrane plane (cf. [80]).

Denatured, retinal-free bacteriorhodopsin refolds in vitro
in the presence of lipids and /or detergent [16,87,115,158].
The refolding process takes place in two main steps which
occur in the time scale of minutes. In the first step, the
individual helices form and associate and, in the second,
added retinal binds stoichiometrically to the apoprotein,
regenerating the native chromophore. Renatured
monomeric bacteriorthodopsin pumps protons and can be
reconstituted with H. salinarium lipids to form the crystal
lattice characteristic of the purple membrane. Similar re-
sults have been obtained by using two denatured chy-
motryptic fragments (corresponding to helices A and B,
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and C to G) as starting material [87,115,158]. A covalent
link between helices A and B is also not critical for
bacteriorhodopsin structure (but see [116,211]), as the AB
fragment can be substituted by two synthetic peptides,
corresponding to the individual helices A and B, in the
above experiment [96]. Analogously, fragments composed
of helices A-to-E and FG assemble in the presence of
retinal to produce a native-like bacteriorhodopsin lattice,
showing that a continuous loop between helices E and F is
not structurally essential either [116,192]; cf. [54]. Func-
tional bacteriorhodopsin has been reconstituted from two
overlapping fragments that have three helices in common;
thus the redundant helices appear not to interfere with the
assembly process [116]. By contrast, the folding process
appears to be sensitive to lengthening of the short loops
between helices A-B and F-G [211], suggesting that the
structure of the loops affects helix—helix packing.

In a recent molecular simulation study [217], it was
found that (i) the positions of the seven helices could be
predicted rather accurately by conformational energy opti-
mization without considering the extramembrane loops;
that (ii) retinal appears to affect the positions of helices D,
E and F much more than that of the other helices; that (iii)
the bent helix C (which has a proline residue exposed to
lipid [225D) has a central role in the energetics of bacterio-
rhodopsin while helix D appears least important in this
respect; and that (iv) helices A and B are relatively inde-
pendent of the rest of the molecule (see Fig. 5).

Although helix—helix interactions appear to be the deci-
sive factor in bacteriorhodopsin folding, recent calori-

metric work shows that the extramembrane loops do con-
tribute to the stability of bacteriorhodopsin structure, both
enthalpically and entropically [97]; cf. [69]. For instance, a
cut between helices B and C in bacteriorhodopsin embed-
ded in the purple membrane decreased the T,, by 6°C and
diminished the enthalpy change from 100 kcal /mol to 56
kcal /mol. In vesicular bacteriorhodopsin, the same cut
decreased 7,, by 12°C and the enthalpy by 33 kcal /mol,
whereas the loss of the covalent bond between helices A
and B caused a further 12°C and 47 kcal /mol drop in the
T, and enthalpy, respectively. Removal of retinal destabi-
lized the protein approximately as much as the loss of two
covalent connections in the extramembrane loops [97].
Despite the reduced stability and the loss of covalent
bonds, only one peak with AH ,/AH_, > 1 is observed
in DSC, suggesting that both intra- and intermolecular
cooperativity are still preserved [97]. These studies also
suggest that a large part of the enthalpy change for denatu-
ration either is directly contributed by the extramembrane
loops or results from the disruption of helix—helix interac-
tions, the strength of which is regulated by the loops.
About 90 out of the 248 residues in bacteriorhodopsin
are located in the extramembrane loops, corresponding to a
molecular mass of 9500 Da. Assuming that the loops
behave as in small soluble proteins, one can calculate that
their unfolding should give rise to an enthalpy change of
about 114 + 11 kcal /mol at 100°C. This value reasonably
close to the observed enthalpy change (100 kcal/mol;
[20]) measured for the thermal denaturation of whole
bacteriorhodopsin. However, the study of Kahn et al. [97]

Fig. 7. A schematic model of the major subunits (I, Il and III) of cytochrome-c oxidase. The electrons from cytochrome ¢ center at a binuclear copper
center, Cu,,, in subunit . From this center they go to the low spin heme (heme a) and then to the iron-copper oxygen reducing center formed by heme a,
and Cuy. The latter three metal sites are located in subunit I, which is thought to contain 12 transmembrane segments. Electron transfer from cytochrome ¢
to oxygen is coupled to proton translocation across the membrane. Subunit III comprises a separate domain which interacts weakly with the rest of the
enzyme; it does not contain any prosthetic groups. In accord with the results in [77], subunit III is depicted as having both a transmembrane and a

peripheral domain.
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suggests that a large part of this enthalpy (77%) is con-
tributed by binding of retinal, the binding site for which is
located in the center of the protein away from the loop
region [80]. Of course, it is not impossible that the loops
are largely unfolded in the absence of retinal. A similar
calculation using the average heat capacity change of
soluble proteins yields a AC, of about 1240 cal mol ™!
K™! for the loop region only, whereas the measured value
is about 1200 cal mol™' K~ ! [20]. One can conclude that
the calculated values appear to agree strikingly well with
the idea that only the extramembrane parts unfold and
become exposed to water upon denaturation.

4.2. Cytochrome-c oxidase

Cytochrome-c oxidase is a multisubunit membrane pro-
tein found in eukaryotes, eubacteria and archaea (for re-
views see [24,74,84,122,179]. It functions as the terminal
oxidase of the respiratory chain, oxidizing ferrocytochrome
¢ and reducing dioxygen to form water. Part of the energy
available in this redox reaction is used to translocate
protons across the membrane housing the oxidase.

Although long thought to be present only in mito-
chondria and in the cytoplasmic membranes of only a few
aerobic bacteria, it has recently become clear that cy-
tochrome-c oxidase in fact belongs to a large superfamily
of related enzymes with a wide occurrence on Earth. Some
members of the family oxidize quinols instead of cy-
tochrome c; there are also examples of alternative cy-
tochrome-c oxidases [67,72,159] that are only distantly
related to the enzyme discussed here. Most recently, a
homology to a denitrification enzyme has been found,
perhaps pointing to the ancient origin of the oxidase
[24,180,221]. Homologous cytochrome oxidases from
thermophilic [89,126], thermoacidophilic [118] as well as
alkalophilic [162] organisms have been reported, showing
that the same basic theme can be utilized in a wide variety
of environments.

The subunit composition of cytochrome-c oxidase de-
pends on the source of the enzyme: In mitochondria, the
enzyme comprises 13 dissimilar polypeptides, resulting in
a molecular mass of 205 kDa, whereas the bacterial oxi-
dases have typically three or four subunits and a molecular
mass of about 130 kDa (see Fig. 7). But regardless of the
organism, the catalytic metal centers (two heme irons and
two copper sites) are located in a core made up by subunits
I and II. The complex of these two subunits is sufficient
for redox-linked proton translocation in vitro [76,81,206],
although the presence of a third subunit improves the
energy transduction efficiency [205]. Subunit III may influ-
ence the oxygen reduction site [77]. Yet, the exact function
of the third subunit as well as that of the other subunits
with no redox-active metal sites remains obscure. In a
recent study, using a homologous quinol! oxidase, it was
shown that the three largest subunits can be fused without
adverse effects on folding or activity [120].

Hydropathy analysis, biochemical and gene fusion ex-
periments suggest that subunits I and III are mostly helical,
whereas subunit II has only two N-terminal transmem-
brane helices; its C-terminal part is thought to make up an
extramembrane domain with a high B-sheet content and
the cytochrome-c binding site [27,107,179]. A large ex-
tramembrane domain has also been visualized in electron-
microscopic work (reviewed in Ref. [257]) which suggests
that about 50% of the oxidase resides outside the mem-
brane on the cytoplasmic side of the mitochondrial mem-
brane [43]. According to the same work, the intra-
membrane part of the protein consists of two domains [43],
but these could not be seen in the electron crystallographic
model of Valpuesta et al. [219]. However, according to the
recent analysis of Frey and Murray [64], there might be
three membrane-buried domains (designated M1, M2 and
X) and one membrane-exposed domain (C) in the bovine
enzyme crystallized as monomers using the detergent de-
oxycholate. When the structures of two monomers are
superimposed, the structure of the resulting computational
dimer closely fits the image of the oxidase crystallized in
the dimeric form [64].

CD spectra indicate that 40% of the bovine heart oxi-
dase has an a-helical secondary structure [149], in agree-
ment with Fourier transform IR (FTIR) work of Arrondo et
al. [8]; another FTIR study suggests a-helicity of 60%
[25]. A low-resolution electron crystallographic structure
of dimeric, lipid-embedded cytochrome-c oxidase is, how-
ever, consistent with only 12-16 transmembrane helices
[219]. While this estimate is in line with the a-helix
content of 40% based on the above CD and FTIR measure-
ments, one should note that hydropathy analysis predicts
21 transmembrane helices in subunits I, II and III alone
(see [23,179]). Unless the extramembranous portions of the
oxidase molecule are completely devoid of a-helices, the
hydropathy analysis probably overestimates the number of
transmembrane helices.

Thermal denaturation does not cause a significant
change in the amount of a-helix in beef cytochrome-c
oxidase [8], suggesting that the transmembrane helices of
the oxidase do not unfold thermally in a lipid environment.
Likewise, in a detergent solubilized bacterial oxidase two
thirds of the helices are preserved even at 77°C [77]. In the
guanidine hydrochloride denaturation studies of Hill et al.
[85], the helicity of beef oxidase exhibits a biphasic depen-
dence on the denaturant concentration. About 70% of the
far-UV CD signal at 222 nm remains at 1 M denaturant
and is highly resistant against further increases in the
denaturant concentration [85]. The first, denaturant sensi-
tive phase was assigned to the extramembrane part of the
complex.

To date, cytochrome-c oxidase from bovine, yeast and
the bacterium Paracoccus denitrificans has been studied
by DSC [77,133,134,168,169,190,245].

The early studies with the beef oxidase addressed mainly
the lipid—protein interaction [168,190,245]. In the presence
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of endogeneous lipids that remain associated to the oxidase
after cholate-ammonium sulfate fractionation, the cholate
solubilized enzyme was shown to denature at 63-64°C
[245]. Delipidation shifts the 7, downwards by approxi-
mately 5°C; the enthalpy of denaturation was found to be
highly variable depending on the lipid species used in
subsequent reconstitution experiments [245]. Some of the
effects observed by Yu et al. [245] could be speculated to
be caused by liquid-to-gel lipid phase transition linked to
protein denaturation (see Sections 4.3 and 7.1). Calori-
metric work by Semin et al. [190] and Rigell et al. [168]
shows that one oxidase molecule perturbs the thermotropic
properties of 70-100 lipid molecules (corresponding to
0.25-0.35 mg lipid/mg oxidase), a number that corre-
sponds roughly to the number of lipid molecules that can
be fit in one layer around the oxidase molecule. There is a
preference for cardiolipin in the lipid annulus surrounding
the enzyme in the membrane [190], which has also been
verified by other methods (reviewed by Robinson [170]).

Rigell et al. [168] using beef oxidase reconstituted with
dimyristoyl phosphatidylcholine showed that the oxidase
thermogram is in fact composed of two peaks centered at
52°C and at 64°C, respectively. The low temperature peak
corresponds to the melting of subunit III, which although
irreversible, is relatively close to a two-state process
(4AH /AH_, = 0.85; cf. [77]). The enthalpy of subunit III
transition is 4.8 cal /g. The rest of the enzyme denatures in
a multiphasic process with at least three sequential melting
steps above 60°C [168,169]. When the oxidase is solubi-
lized with the detergent Tween 80, the heat capacity
function displays only one broad peak at 56°C, i.e., the
high temperature transition appears to be sensitive to the
detergent used and shifts to a lower temperature. The
enthalpy of denaturation for the lipid reconstituted and
detergent dispersed enzyme are similar and close to 500—
600 kcal /mol (2.7 cal /g) [168]; a value much lower than
the one expected for a water soluble protein at the same
temperature (6.9 + 0.8 cal/g).

A lipid reconstituted preparation of yeast cytochrome
oxidase melts with an enthalpy of about 425 kcal /mol (2.4
cal/g assuming a molecular mass of 175 kDa for the
preparation used) [134]. At low ionic strength, low and
high temperature transitions similar to those described
above with the beef enzyme are observed; at high ionic
strength, the transition profile is less well resolved owing
to a downward shift of the high temperature transition
{133]. Three transition components, corresponding to the
melting of subunits [ and II, subunit III and subunits IV
and VI, could be identified by a thermal gel analysis that
makes use of the change in solubility of the subunits upon
denaturation [134,169]. As in the case of the beef enzyme,
subunit IIT also exhibits the lowest transition temperature.
The midpoints of the transitions are scanning rate depen-
dent, indicating that the denaturation process is kinetically
controlled and characterized by an activation enthalpy on
the order of 40 kcal /mol [134].
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Fig. 8. DSC scans of cytochrome c oxidase from Paracoccus denitrifi-
cans [77]. Upper panel, oxidized wild type enzyme. The solid line is a
theoretical curve calculated using a multistate kinetic model [134]. Both
the low and high temperature peaks can be modeled as irreversible
two-state transitions. Middle panel, oxidized enzyme purified from a
mutant strain lacking the gene for subunit III. Lower panel, wild-type
oxidase scanned while reduced with dithionite. COIII, subunit IIL

The separation of the thermogram into low and high
temperature peaks is clearest with the cytochrome — ¢
oxidase from Paracoccus denitrificans (see Fig. 8) [77].
This enzyme has only three (or four) subunits, simplifying
the interpretation of the thermogram. In the dodecyl malto-
side solubilized enzyme, subunit III is clearly the least
stable part of the complex with a near two-state transition
(AH_,; = 90-100 kcal /mol) at 46—48°C. The complex of
subunits [ and IT denatures at 66—68°C in the oxidized
enzyme; the transition can be modeled as an irreversible
two-state transition [77] using the formalism described by
Morin et al. [134]. In the reduced enzyme, the latter
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transition not only shifts to a higher temperature (7, =
76°C) but also becomes much sharper (Fig. 8). The high
temperature transition in the reduced enzyme can also be
modeled as a two-state transition. More complex explana-
tions, such as a redox-state dependent interaction between
subunits I and II, for the sharpening effect are possible,
however. At any rate, these two subunits interact strongly
defining one structural unit from which subunit III is
clearly separate. Consistent with this idea, a two-subunit
enzyme preparation, purified from a mutant that lacks the
gene for subunit ITI [75] yields a thermogram with a single
peak centered at 66°C. This result also suggests that sub-
units I and II are able to fold correctly (or at least very
nearly so) in the total absence of the third subunit. The
folding must be a multistep process in which the formation
of the oxidase core, made up by subunits I and II, precedes
a later step in which subunit III associates to the core (see
[75]). The total calorimetric enthalpy changes for the wild-
type and subunit HI-minus enzymes are 350—-380 kcal /mol
(2.9 cal/g) and 250 kcal/mol (2.8 cal/g), respectively
[77].

The thermal denaturation of the detergent solubilized
bacterial oxidase has been measured with the most sensi-
tive instrumentation available, under circumstances in
which no precipitation effects interfere with the transition.
Under those conditions a AC, of approx. 12 kcal
mol !K~! (~0.095 cal K™'g~ f) was observed directly
in the calorimetric thermogram. This result implies that
upon thermal denaturation, a significant number of hy-
drophobic groups become exposed to water under the
conditions used in those experiments (0.03% (w/v) deter-
gent concentration in the buffer). It must be noted, how-
ever, that the observed AC, is lower than the one expected
for a highly hydrophobic protein (e.g., the AC, associated
with the thermal unfolding of myoglobin is 0.15 cal
K lg™ ).

As in the case of bacteriorhodopsin, the enthalpy
changes for the thermal denaturation of the oxidases from
beef, yeast and bacterial sources are very similar when
normalized on a weight basis (2.7, 2.4 and 2.9 cal/g). In
all cases the enthalpy change is lower than the entire range
of values found for water soluble proteins, reflecting the
highly thermostable nature of the transmembrane segments
of the enzyme. However, extrapolation of the enthalpy
change for subunit III of the bacterial enzyme to the
transition temperature of the two other subunits, using the
measured AC, of the low temperature transition, yields a
AH of 5.5-6.5 cal /g for subunit III, which is significantly
higher than the value for the two catalytic subunits. As the
average enthalpy value for soluble proteins at 67°C is
7.8 + 0.7 cal/g [138], it appears that subunit III has an
enthalpy value intermediate between that of a typical
membrane and a soluble protein. One possible explanation
of this result is that subunit III is more exposed to the
aqueous phase than is currently thought (cf. [179]), its
unfolding and subsequent hydration being therefore more

complete than that of the two other subunits (see [77]). It
should be noted that at least one hydropathicity-based
sequence analysis method predicts only four (and not
seven) transmembrane helices in subunit III [44]. A num-
ber of results, including those cited above, are consistent
with the view that subunit III makes up a largely indepen-
dent domain. Considering the novel structural model of
Frey and Murray [64], it is tempting to suggest that subunit
III comprises the X domain of the model. In any case, two
obvious but still unanswered questions are: How many
transmembrane helices can be fitted to the electron density
of this domain? Is domain X membrane-buried or surface-
exposed?

In conclusion, the stability of cytochrome oxidase is
clearly dependent on the amphiphile used to solubilize the
enzyme. The two main structural domains of the oxidase
have different stabilities. Upon reduction of the enzyme,
the domain formed by catalytic subunits I and I becomes
more stable, while the stability of the other, less stable
domain, composed primarily of subunit III, is independent
of the redox-state. Subunit III does not contribute much to
the stability of the oxidized enzyme. The transmembrane
helices of the oxidase do not unfold thermally, and the
denatured state of the enzyme may resemble the compact
denatured state observed with soluble proteins under cer-
tain conditions [79].

4.3. The band 3 protein

In addition to transporting oxygen to tissues, red cells
also participate in the elimination of CO,, one of the end
products of respiration. Part of this process is catalysed by
the red cell anion transporter, designated the band 3 pro-
tein owing to its mobility in polyacrylamide gel elec-
trophoresis in the presence of SDS (for recent reviews on
the protein, see [165,208]). The band 3 protein (911 amino
acids in human erythrocytes, M, = 100 kDa, glycosylated
at one Asn, acylated at one Cys and regulated by Tyr-
phosphorylation at one main site), transports chloride or
sulfate in exchange of bicarbonate; with SO? ™, a proton is
cotransported. Glycosylation is not essential for function or
folding [61]. The band 3 protein belongs to a family of
related transporters all of which have a transmembrane
part homologous to the band 3 transmembrane domain;
these other members of the family occur in other tissues
such as the kidney and the brain.

The band 3 protein is made up of two domains: The
cytoplasmic domain carries binding sites for cytoskeletal
proteins, glycolytic enzymes and hemoglobin, whereas the
transmembrane domain performs the transport function.
Although the domains can be separated by controlled
proteolysis and are functional on their own [40,197], there
is evidence for conformational interdomain interactions
[12] and modulation of anion transport activity by ligand
binding to the cytoplasmic domain [121]. The band 3
transmembrane domain has a molecular weight of 55 kDa
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and catalyses anion transport with an activity similar to the
native transporter. The transmembrane domain can be
further cleaved to give 19 kDa and 35 kDa fragments
which remain tightly associated and resistant towards
guanidine hydrochloride denaturation [146].

The band 3 transmembrane domain is functional when
expressed alone from a cDNA clone in Xenopus oocytes
[61,114]. The same holds for the cytoplasmic domain
produced in E. coli [229]. During its biosynthesis, band 3
protein may interact with glycophorin A, as coexpression
of the latter increases the amount of band 3 protein in the
plasma membrane [61,62]. However, direct evidence for a
physical contact between mature band 3 protein and gly-
cophorin A is scarce, suggesting that after translocation to
the-plasma membrane their interaction, if present, is weak
[40,61]. Most of the ten introns in the portion of the human
band 3 gene that encodes the transmembrane part occur in
regions which are likely to be extramembranous [209].
This behavior is observed with some other membrane
proteins [92], and has been taken to support the idea of
transmembrane segments as independent folding domains
[157].

The transmembrane domain of the band 3 protein is
believed to contain 12 or 14 transmembrane spans, but
biochemical evidence for this remains to be obtained
[48,165]. In case there are 14 transmembrane spans in the
membrane domain, some of them are expected to be fairly
short, comprising only 14 or 15 residues (see
[117,165,209]). Accordingly, it has been proposed that the
actual physical permeability barrier inside the protein might
be quite thin [209] (cf. [254]).

The estimates for a-helicity of the membrane domain
range from 58% [146] to 69% [149]. In guanidine hydro-
chloride denaturation experiments, the ellipticity at 222 nm
of the whole band 3 protein exhibits a biphasic dependence
on the denaturant concentration with a large portion of the
helicity still left at 4 M guanidine hydrochloride [146]. The
isolated transmembrane domain is highly resistant towards
the denaturant and does not fully unfold with guadinine
concentrations experimentally accessible: at 4 M guadinine
hydrochloride about 70% of the ellipticity at 222 nm is
still observed.

In the red cell membrane, band 3 forms dimers which
further associate to form tetramers. Monomers within a
dimer appear to interact allosterically [176,222]. Since the
isolated transmembrane domains are dimeric, dimerization
appears to be mediated by the transmembrane domains
while tetramer formation may require interactions between
the cytoplasmic domains. Electron microscopic analysis of
2D crystals of the lipid-reconstituted transmembrane do-
main is consistent with a dimeric structure [230]. Further,
the electron-microscopic work [230] allowed construction
of a structural model of the domain at 20 A resolution in
which three subdomains within a monomer are resolved.
One or two of the subdomains appear to have a different
position relative to the other subdomains in the two crystal

forms analyzed, indicating that there is some conforma-
tional flexibility within the domain. A 3D map determined
from one of the crystal forms shows that the transmem-
brane domain of band 3 comprises a large basal part,
situated inside the bilayer, and two sizable extramembrane
parts on the cytosolic side of the membrane [254]. 2D
crystals of the whole band 3 protein have also been
reported [48]; despite the analysis of the crystals has
yielded only a low resolution structure, a dimeric crystal
packing unit appears likely.

Melting of both the cytoplasmic and transmembrane
domains in situ give rise to separate peaks in calorimetric
thermograms of the red cell membranes [18,27,40,197].
The transition of the membrane-bound cytoplasmic do-
main, designated the B, transition, is strongly pH depen-
dent: its 7, shifts from 72°C at pH 6 to 55°C at pH 8.5
[27,197]. Unexpectedly, the isolated cytoplasmic fragment,
although showing a similar pH dependence, is more stable
than the domain in the native protein [27].

The transmembrane domain gives rise to a calorimetric
peak at about 66—68°C (called the C transition) with a
remarkable enthalpy change of 360--380 kcal/mol (6.7
cal/g), irrespective of whether the cytoplasmic domain is
present or not [40,197]. The published specific AH value
for the band 3 transmembrane domain is the largest among
membrane proteins for which relevant data exists. The
origin of this observation is not known even though sev-
eral explanations can be put forth. Such a high value could
be due to the melting of a significant portion of the
intramembranous regions, however, this is not consistent
with the CD data (see below). Alternatively, it could be an
indication that not all the hydrophobic stretches identified
in the hydropathy analysis are true transmembrane helices
but form part of the extramembrane domain. The stability
of such a domain is expected to resemble that of a soluble
protein, undergo a relatively complete thermal unfolding
and account for the relatively high enthalpy change. In this
context, it should be noted that the exact number of
transmembrane helices in band 3 is uncertain [165,209]. Of
the 14 tentative transmembrane spans, the topology of the
first eight appears to be fairly well-documented, whereas
the folding pattern of the C-terminal half of the protein
remains to be elucidated [208]. The recently published
low-resolution 3D map of the membrane-bound part of
band 3 shows that a significant portion of the molecule is
extramembrane, although the author concluded that the
intramembrane electron density could accommodate 1214
transmembrane helices [254].

A third explanation for the high specific enthalpy change
of band 3 transmembrane domain could involve a coupling
to a lipid gel-to-fluid phase transition. A denaturation-lin-
ked decrease in the cross-sectional area of the protein is
expected to decrease the amount of boundary lipid. The
boundary lipid is known to be in a rigid gel-like configura-
tion, and upon its liberation to the bulk fluid lipid environ-
ment of the bilayer a positive enthalpy contribution should
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be observed (see Section 7.1). If this is true, the enthalpy
change for band 3 denaturation should depend on the lipid
chain length, as observed [123] (see below).

Within the context of the energetics of the C transition,
it should also be noted that in some calorimetric studies
the enthalpy of this transition appears much smaller after
depletion of peripheral proteins (native membranes: 360
kcal /mol vs. 190 kcal/mol after removal of peripheral
proteins (see [40,177]) suggesting some additional contri-
butions to the measured enthalpy. A value of 190 kcal /mol
(i.e., 3.5 cal/g) is more in line with the values observed
with most other membrane proteins (see Fig. 10a).

Upon treatment of the membranes with the covalent
anion transport inhibitor DIDS (4,4'-diisothiocyanostil-
bene-2,2'-disulfonic acid), the C transition shifts 10-13
degrees upwards [27,196,197,222]. By contrast, non-cova-
lent inhibitors and membrane perturbants such as lidocaine
and benzyl alcohol destabilize the transmembrane domain
[19,41,196]; there is a quantitative relationship between the
destabilization of the band 3 transmembrane domain and
the inhibition of its anion transport activity by the local
anesthetic lidocaine [41]. Also, delipidation of erythrocyte
membranes by a phospholipase treatment or by the addi-
tion of fatty acids to the membranes results in a dramatic
destabilization of the transmembrane domain, causing a
total disappearance of the C transition [19,40]. The above
results suggest that lipid—protein interaction makes a sig-
nificant contribution to the stability of the tertiary structure
of the band 3 transmembrane domain.

The stabilizing effect of DIDS [196], the pH depen-
dence of the T, of the cytoplasmic domain, the use of
isolated domains generated by proteolysis as well as the
differential sensitivity of the cytoplasmic and transmem-
brane domains towards chemical denaturation has allowed
the calorimetric measurement of one transition in the
absence of the other [7,40]. As discussed already, it ap-
pears that there is little cross-talk between the B, and C
transitions and it was therefore concluded that the two
domains are largely independent of each other. However,
subtle interdomain interactions have been detected by other
techniques [12,121,165].

What are the molecular changes that take place when
the temperature is scanned over the region in which the C
transition occurs? In an early study, Brandts et al. [18]
monitored the CD of red cell membranes as a function of
temperature and observed no changes in the secondary
structure during the C transition; the authors concluded
that the transition is unlikely to involve protein unfolding.
However, using the purified band 3 transmembrane do-
main, Davio and Low [40] definitely assigned the C transi-
tion to the band 3 protein but they also found 70% of the
ellipticity to be insensitive towards raising the temperature
above the transition region [40]. This suggests that the
majority of transmembrane helices do not unfold ther-
mally, in agreement with the notion that the a-helical
secondary structure of the transmembrane domain is re-

markably resistant towards chemical denaturation by gua-
dinine hydrochloride [146]. To summarize, these results
suggest that the major event during the C transition is the
disruption of interhelical contacts and unfolding of ex-
tramembrane parts of the protein while the transmembrane
helices themselves remain largely folded.

Results that support this idea have been obtained with a
variant band 3 found in individuals with Southasian ovalo-
cytosis (SAOQ). This condition is characterized by a highly
distinctive red cell morphology and altered mechanical
properties of the cells [209]. Recent research suggest that
SAOQ is caused by a nine-residue deletion at the cytoplas-
mic boundary of the first transmembrane segment of band
3 [91,185]. The deletion includes a proline residue that is
likely to occupy a critical position at the N-terminal end of
the helix, and this has been proposed to be responsible for
the folding defect of the whole transmembrane domain
[132,186]. Normal amounts of band 3 protein are present
in SAO individuals but about 50% of the protein is inac-
tive and abnormally glycosylated [178]. The deletion seems
not to affect the cytoplasmic domain [135]. Significantly,
the AH of the C transition in the SAO red cell membranes
is only 55% of controls, suggesting that the SAO variant
does not contribute much to the enthalpy [135]. Further
experiments showed that the enthalpy of the SAO band 3
transmembrane domain is about 8% of the wild type.
Nevertheless, the SAO variant and normal band 3 proteins
have a similar, largely a-helical secondary structure
[135,178]. The fact that a nine residue deletion does cause
a loss of the tertiary structure of the whole transmembrane
domain suggests that in the native structure of the band 3
protein the helices are organized in a highly cooperative
fashion.

Interestingly, in SAO membranes the 7, of the C
transition of those band 3 molecules which do not carry
the deletion is lowered by 2°C [135]. It seems that the SAO
band 3 molecules slightly destabilize their normal neigh-
bors in the membrane, perhaps as a result of altered
interactions in a heterotetramer formed by the SAO and
normal band 3 homodimers [135).

The stability of the purified band 3 transmembrane
domain in different lipid environments has been studied in
detail by Maneri and Low [123]. The length of the acyl
chains, the amount of double bonds in them as well as the
charge of the headgroup all have a clear effect on the
thermotropic behavior of the domain. There is a linear
relationship between the acyl chain length and the 7,: in
mono-unsaturated phosphatidylcholine vesicles, the T, in-
creases from 47°C with 14-carbon acyl chains to 66°C with
24-carbon fatty acids. The corresponding enthalpies, how-
ever, exhibited a maximum of about 400 kcal /mol (7.3
cal /g) with 20-carbon fatty acids. The band 3 transmem-
brane domain is most stable when reconstituted with
cholesterol plus phospholipids containing saturated fatty
acids and zwitterionic head groups. This preference for
long and saturated acyl chains is also reflected in the
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endogeneous lipid content of the purified transmembrane
domain (6-7 mol lipid/mol of transmembrane domain
[123]. When reconstituted in mono-unsaturated zwitteri-
onic lipids with or without cholesterol (at a protein-to-lipid
mass ratio of 1:3), a AC, of about 8 kcal/mol K was
observed; this is close to the value expected for a soluble
protein of similar size. In contrast, increasing the degree of
unsaturation or use of negatively charged lipids resulted in
a very small or negative AC, [123].

The stabilities of the detergent solubilized band 3 and of
the isolated transmembrane domain have also been studied
[177]. None of the detergents used were able to restore the
enthalpy measured for the membrane-bound band 3 and
also the T, values were lower. The isolated transmem-
brane domain had a significantly lower T, than the whole
protein, although enthalpies appeared comparable. The
stability was clearly highest (i.e., the T, was highest; cf.
[123]) when the protein was dispersed in poly(oxyethy-
lene) detergents with a 12-catbon chain or in Triton X-100,
all of which yielded AH values of 200-300 kcal /mol and
scanning rate dependent T, values close to 61°C with the
scan rate used [177].

The results of both Sami et al. [177] and Maneri and
Low [123] suggest that optimal matching between the
length of a transmembrane helix and the length the hydro-
carbon chain of the amphiphile plays a role in the stabiliza-
tion of a membrane protein (see also [136,245)).

4.4. Photosystem II

Photosystem II (PS 1I) is a complex membrane protein
assembly that catalyses the water-splitting reaction and the

associated electron transfer reactions in oxygenic photo-
synthesis (for a review, see [11]). The PS II complex of
plants contains at least 25 polypeptides [5,11] (see Fig. 9).
A detergent treatment splits it into two parts, called the
core fraction and the antenna fraction. The core fraction of
PS II comprises approximately 15 polypeptides, of which
three are located peripherally on the lumenal side of the
thylakoid membrane. One of the peripheral proteins (a 33
kDa polypeptide) stabilizes the tetranuclear manganese
cluster which is the site of water splitting and oxygen
generation. However, the ligands of the manganese cluster
are probably located in two lumenal loops of the D,
subunit which is one of the two major intrinsic membrane
proteins of the core. These two proteins, designated D, and
D,, are weakly homologous to the L and M subunits of the
bacterial photoreaction center. Most probably, D, and D,
perform a function analogous to the L and M polypeptides
in the bacterial system. A subcomplex of D,, D, and a
b-type cytochrome has in fact been shown to be capable of
catalysing the light driven charge separation that makes up
the first step of photosynthesis [45].

The main component of the antenna fraction are the
light-harvesting chlorophyll a/b binding proteins, which
are a group of similar but not identical proteins. A struc-
tural model of a light-harvesting protein at 3.4 A resolu-
tion, showing a supercoil of two parallel transmembrane
helices, a third separate transmembrane helix and locations
of 12 chlorophyll and two lutein molecules, has been
published [105]. The three transmembrane helices com-
prise 36% of the 232 residues in the polypeptide.

The chlorophylls are mostly located in the periphery of
the trimeric complex; the axial ligands of most of them are
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Fig. 9. A model depicting the structure of PS Il in the thylakoid membrane of chloroplasts. Only the major subunits of the core and the antenna are shown.
Subunits melting during each calorimetric transition are indicated by different hatching (for details see the text). The assignment of the 33 kDa, 23 kDa and
16 kDa peripheral proteins to the A, transition is tentative, as no protein precipitation is observed during this transition. Note the location of the oxygen
evolving center close to the inside of the membrane. LHC, light-harvesting complex. Adapted from [5].
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resolved in the structural model of Kiihlbrandt et al. [105].
About 30% of the mass of the light-harvesting complex is
chlorophyll molecules, which are therefore thought to play
a significant role in the structural stability of the protein
[88]. A structural role is also postulated for the two long
lutein molecules which seem to ‘cross-link’ the two super-
coiled helices. The lutein molecules (xanthophylls) have
been shown to be essential for the in vitro reconstitution of
the light-harvesting complex [151,258). Bound lipid is of
structural importance as well [145].

As expected from its polypeptide composition, the ther-
mogram of PS II is complex, exhibiting at least four
transitions (A,, B, C, D) in the 40-70°C temperature
range [35,212,213]. The total calorimetric enthalpy change
of the whole PS II complex (including both the core and
the antenna) is about 3300 kcal /mol (5-6 cal/g) [212],
assuming a molecular mass of 600 kDa (which may be an
underestimate).

Thermal gel analysis, heat inactivation studies and DSC
of the isolated core and antenna fractions suggest that the
low temperature transition (A, at 47.5°C) is caused by
denaturation of a component involved in oxygen evolution
[213]. No protein precipitation was observed during the
transition. This result suggests that the transition might be
brought about by a soluble protein, such as the 33 kDa
extrinsic protein which stabilizes the oxygen evolving Mn
cluster. Two of the four manganese atoms in the complex
are released when the temperature is scanned over the
transition [35]. The cooperativity of the A, transition
appears to be strongly influenced by the redox state of the
b-type cytochrome (which itself denatures at a temperature
clearly higher, see below), suggesting that the membrane-
bound cytochrome influences the structure of the oxygen
evolving complex. The cytochrome is required for the
stable assembly of the PS II complex [147].

Transition B (54°C) has contributions from core pro-
teins referred to as closely associated antenna proteins or
chlorophyll a binding proteins as well as some other
intrinsic membrane proteins which belong to the PS II core
[11,213]. Loss of electron transfer activity occurs during
the B transition. The C transition (59.5°C) is sensitive to
Mg?* and corresponds to the denaturation of the major
components of the core, the D,, D, and the b-type cy-
tochrome. The light-harvesting complex proteins, being the
most stable, give rise to the high temperature peak D at
66°C. Taken together, these studies suggest that PS II is
composed of four structural units, one peripheral and three
membrane-bound [213] (see Fig. 9). The least stable part
of the complex appears to be the O,-evolving part, thought
to be located on the lumenal side of the thylakoid mem-
brane [5].

The thermogram of PS II is very sensitive to the
detergent concentrations used: increasing the concentration
of Triton X-100 from 0.01% to 0.1% results in substantial
broadening of the DSC peaks, and some transitions, such
as peak D caused by the light-harvesting proteins, are

broadened almost beyond detection [212]. Hence, the inter-
actions between PS II subunits appear not to be as strong
as those of most other proteins, i.e., subunit dissociation
and/or loss of cooperative interactions take place upon
increasing the detergent concentration [259]. A recent re-
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Fig. 10. (a) Comparison of the calorimetric enthalpies (cal/g) of the
membrane proteins discussed in the text with an average soluble protein (
~—), with a protein having a highly hydrophobic core (myoglobin, —)
and with a protein having a relatively hydrophilic core (RNAse A,——).
Membrane proteins: Photosystem II (a); the band 3 protein (O);
monomeric bacteriorhodopsin (8); trimeric bacteriorhodopsin in the
purple membrane (x); Paracoccus denitrificans cytochrome-c oxidase
subunit 111 (@); P. denitrificans cytochrome-c oxidase (wild type;
weighted mean of the two transition temperatures) (M); P. denitrificans
cytochrome oxidase purified from the subunit IlI-minus mutant (O);
cytochrome-c oxidase from beef (O1); subunit III of beef cytochrome-c
oxidase (¥), cytochrome-c oxidase from yeast (#). Note the low
enthalpies of denaturation of most membrane proteins. For references see
the text. (b) A schematic model of the thermal denaturation of a helical
membrane protein. A likely explanation for the low enthalpy changes is
the high thermal stability of a transmembrane o-helix. As a result,
transmembrane helices do not unfold, contrary to the situation with a
soluble protein or the extramembrane domain of a membrane protein.
Also illustrated in the figure is the possibility that packing interactions
among transmembrane helices are only partially disrupted in the dena-
tured state. Approximate experimental enthalpy values at 60°C are given.
For further discussion and references, see the text.
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port suggests that in the pea chloroplast light-harvesting
complex, there are specific lipid binding sites which must
be occupied by phosphatidyl glycerol in order to preserve
the trimeric structure of the complex [145]. In addition,
about three molecules of digalactocyl diacyl glycerol per
light-harvesting protein complex monomer are required for
the formation of 2D or 3D crystal lattices. This require-
ment is also likely to reflect the existence of structurally
important lipid binding sites [145,258].

Fig. 10 summarizes the calorimetric behavior of the
proteins discussed above and compares their energetics to
that of soluble proteins.

4.5. Porins

Porins (see Fig. 1f) are channel-forming proteins found
in the outer membrane of gram-negative bacteria where
they facilitate the diffusion of molecules smaller than 600
Da into and from the periplasm (for reviews, see
[31,142,143,188]. Although no quantitative thermodynamic
measurements with porins have been reported so far, the
recent elucidation of the atomic structures of four porins
[32,104,233] warrants a brief discussion of their structural
stability here, in particular because porins appear to be
exceptionally stable proteins.

Despite being integral membrane proteins, porins do not
have hydrophobic primary structures; nor do they contain
hydrophobic sequences typical of transmembrane -
helices. Another interesting feature is that, although having
similar gross 3D structures [32,233], the Rb. capsulatus
porin and the two homologous E. coli porins (OmpF and
PhoE) have rather different amino acid sequences with no
overall sequence homology [183]. This fact makes it diffi-
cult to predict without additional information whether a
novel sequence really codes for a porin or other membrane
protein with similar characteristics.

The X-ray structures show that a porin molecule is a
trimer, as expected from biochemical analyses. Each
monomer comprises a barrel made up of 16 antiparallel
B-strands surrounding an aqueous channel along which
solutes enter or exit the periplasm [32,233] (Fig. 1.
Access to the channel from the outside is controlled by one
interstrand loop that folds into the pore, limiting its size
(‘the eyelet’) [188]. The membrane-buried part of porin is
composed solely of non-polar S-sheet surface; as men-
tioned earlier, aromatic residues are enriched at both lipid-
aqueous interfaces, forming two aromatic ‘girdles’
[32,187,233,234]. In these aromatic zones phenylalanines
are located toward the lipid core whilst tyrosine hydroxy
groups and tryptophans point toward the lipid headgroups.
The non-polar part (including the aromatic girdles) of the
porins is 24-25 A wide [32,233). In the Rb. capsulatus
porin (M, .omer = 32 kDa) 50 of the 301 residues in the
protein make up this hydrophobic surface [188]. Thus the
majority of the residues are exposed to aqueous phase (166
residues) or participate in intermonomeric contacts (85

residues) [188]. The loops connecting the B-strands on the
periplasmic side are very short and contain polar (and
non-charged in Rb. capsulatus) residues in hydrogen-
bonded reverse turns whereas the longer external loops are
rich in charged amino acids and fold into more complex
structures including three short a-helices [233].

The porin trimer is highly stable: it is denatured by SDS
only at temperatures close to 100°C and it is resistant
against many proteinases [52]. Three structural factors
appear to play pivotal roles in the stability of the porin
trimer: (i) the extensive hydrogen bonding in the S-barrel
(ii) the rigid and structured loops on both sides of the
membrane (iii) the strong interaction between the
monomers.

In the Rb. capsulatus porin structure at 1.8 A resolu-
tion, the B-barrel comprises 178 residues which form a
total of 161 hydrogen bonds [233]. The crystallographic
temperature factors show that the barrel is the most rigid
part of the molecule. Most of the loops have also low
temperature factors, indicating that they are highly struc-
tured. In particular, the long loop that constricts the mouth
of the channel (the eyelet) is rigid, being stabilized by salt
bridges and also by two bound calcium ions in Rb.
capsulatus porin [233]. The differences in the barrel shape
between the two E. coli porins and the Rb. capsulatus
porin may owe to the differences in the loop structures
[32]. The charged external parts may be further stabilized
by polar interactions with the lipopolysaccharide, present
in the outer leaflet of the outer membrane [142,188].

As indicated by the crystallographic temperature factor,
the most ordered part of the Rb. capsulatus porin trimer is
made up of the regions that are involved in the inter-
monomer contacts [233]. Both optimal packing interactions
that involve many phenylalanine residues and polar inter-
actions (hydrogen bonds) are important for the structure, as
is a third calcium ion chelated between the neighboring
monomers [233]. 28% of the residues in the Rb. capsulatus
porin monomer are located in the interface region and an
area of 8120 A? is buried upon trimerization, forming the
hydrophobic core of the trimer [188,233]. The accessible
surface areas of the porin monomer and trimer appear to
follow the same dependence on the molecular mass as
observed with soluble proteins (unpublished results from
this laboratory). In the E. coli porins, aromatic and small
residues form complementary surfaces that pack optimally
against each other at the interface [32]. In addition, the
salt-bridged termini of each monomer are located in the
interface region [32,187].

Although the assembly pathway of porins is not known,
it is possible that after translocation to the periplasm, a
porin monomer adopts a metastable water-soluble confor-
mation [144]. Schulz [187] has suggested that the folding
of a porin trimer begins in the aqueous phase with the
formation of the trimer interface which in the crystal
structure resembles the hydrophobic core of soluble pro-
teins. The interface contains all the six termini of the three
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polypeptide chains; the last C-terminal strand and its last
residue in particular (a well conserved Phe) have been
shown to be critical for the folding process [142]. This step
is then followed by the membrane insertion step which
would induce the formation of the hydrogen bond network
of the surrounding B-barrel. The final stage of folding
would include the stabilization of the transmembrane bar-
rel by formation of the external loops. This process might
be assisted by interaction of the loops with the lipopoly-
saccharide.

The latter suggestion is in agreement with the observa-
tion that a porin trimer (but not a monomer) binds lipo-
polysaccharide molecules with a high affinity [52]. Also,
efficient refolding of denatured monomeric porin 2 back to
trimers appears to require an SDS-like amphiphile with
sulfate or sulfonate groups; in the presence of non-ionic or
cationic detergents refolding is much less efficient [52]. As
an explanation for this finding, it has been proposed that
SDS mimics the physiological action of lipopolysaccharide
[142,143]. This would also explain why the porins tolerate
SDS exceptionally well. In this context, it is interesting
that several bound detergent molecules are seen in the
crystal structures [104,233].

5. Consensus behavior

A recurring theme in the above discussion is the very
high stability of the transmembrane domains of membrane
proteins as compared to their extramembrane parts or to
soluble proteins. Apparently only the extramembrane por-
tions undergo significant thermal unfolding, and the ob-
served enthalpies of denaturation are therefore very low
(see Fig. 10 for a summary of the preceding discussion).

The immersion of a peptide into the lipid bilayer pro-
vides a means of achieving a remarkably thermostable
structure. In a transmembrane protein, the least stable parts
are generally the loops connecting the transmembrane
domains and the extramembranous regions. On the other
hand, transmembrane helices appear not to undergo ther-
mal denaturation in most membrane proteins studied. As
exemplified by bacteriorhodopsin and the porins, a very
thermostable overall structure is possible, even in organ-
isms which are not thermophiles. The early Earth was
probably warmer than our planet is today [241,242], and
thermostability was probably a necessary property of pri-
mordial proteins. Thus it is conceivable that spontaneous
generation of lipid bilayer vesicles and the subsequent,
spontaneous insertion of thermostable helical peptides (see
also [251]) into the bilayer have been crucial events in the
early development of life.

2 Unlike helical membrane proteins, porin seems to adopt a random
coil configuration in 6 M guadinine hydrochloride.

6. The structural stability of membrane proteins

As discussed above, the process measured in thermal
denaturation studies of membrane proteins is not a transi-
tion from the native state of the protein to a disordered
polypeptide chain, but rather a transition from the native
state to a denatured state which is generally still associated
to the membrane or to a detergent micelle, has different
degrees of residual structure and in some cases different
degrees of intermolecular aggregation. According to the
existing data, thermal denaturation affects primarily the
extramembrane regions, while the transmembrane regions
very likely retain most of their secondary structure and
perhaps most of their packing interactions. The energetics
of the regions exposed to water are likely to reflect forces
similar to those operative in water soluble proteins. In
addition, interactions with the headgroup region of the
membrane might influence their energetics.

7. Thermodynamics of protein stability

7.1. The Gibbs free energy function of extramembrane
regions

Under equilibrium conditions the stability of the native
state of a protein is determined by its relative Gibbs free
energy (AG). In turn, the Gibbs free energy is a function
of three quantities, the relative enthalpy (AH), entropy
(AS) and heat capacity (AC,):

AG = AH(Ty) + AC,[T — Ty ]
— T[AS(Tg) + AC,In[T /T ]| (1)

where T is some appropriate reference temperature. In
this article we follow the standard convention and use the
native state as the reference state for all thermodynamic
parameters.

For water soluble globular proteins or those regions of
membrane proteins that become exposed to water upon
denaturation, the enthalpy and entropy changes are temper-
ature dependent and as a result, the Gibbs free energy
becomes a non-linear function of temperature. This is due
to the existence of a positive AC, resulting from the
exposure to water of hydrophobic residues that are not
accessible to solvent in the native structure [160].

The solvent accessible surface area (ASA) of a protein
can be divided into polar and apolar components which
can be determined by a number of algorithms using the 3D
structure of the protein (see [38,137]). The heat capacity
change is directly proportional to the change in polar and
apolar solvent accessible surface between conformations
[137,138]:

AC, = AASA,, AC;,, + AASA

p,ap pol

AC} b (2)
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where AASA,, and AASA , represent the change in
accessible apolar and polar surface area respectively and
ACy,, and ACy ., the elementary AC, contributions per
mole of A ACy,, and AC, ., have been estimated as
0.45+0.02 cal K '(mol AD)"! and —0.26+0.03 cal
K~ '(mol A%)~ L. It must be noted that other effects appear
to contribute very little to the observed AC,,.

The bulk of the enthalpy change can also be expressed
as a linear combination of the changes in polar and apolar

solvent accessible surface areas (ASA):

AH(T) =a(T) AASA,, + b(T) AASA (3)
AH(T) = a(Ty) AASA,, + b(Ty ) AASA
+AC,(T - Ty) (3a)

where T is an appropriately chosen reference tempera-
ture. The reference temperature is chosen as 60°C [248],
which corresponds to the median transition temperature for
the proteins in the database. (The thermodynamic-struct-
ural database consists of proteins for which both high
resolution structural model and accurate thermodynamic
information exists [138,248].) This choice minimizes ex-
trapolation errors due to uncertainties in AC, and the
possibility that AC, for some proteins might not be
constant [161]. At 60°C the enthalpy change can be written
as:

AH(60) = 31.4AASA ,, — 8.44AASA (4)

At the reference temperature, the average error between
the experimental and calculated values is 6%. Under most
conditions, Egs. (2) and (3) account for over 90% of the
enthalpy change of unfolding. The additional terms corre-
spond mainly to the enthalpies associated with protonation
or the effects of specific ligands, if present. Those addi-
tional contributions need to be taken into account explic-
itly, especially at low temperatures in which the contribu-
tion given by Eq. (2) is close to zero. The protonation of
carboxylic groups has an enthalpy close to — 1 kcal mol ™!
and that of histidyl groups is close to —7 kcal mol .
Very little, if anything, is known about the energetic
contributions of the intramembranous regions. For these or
other regions that undergo denaturation without exposure
to water the AC, is expected to be negligible. Since
transmembrane helices do not appear to undergo melting
inside the membrane, their enthalpic contributions during
thermal denaturation could be limited mostly to van der
Waals contributions due to changes in their packing as
well as effects related to lipids. The magnitude of the
enthalpic contributions due to packing changes in trans-
membrane helices is currently unknown. Regarding the
lipids, Nagle and Wilkinson [140] theoretically estimated
that the van der Waals contribution to the gel-liquid
crystalline transition of lipid molecules is on the order of
0.15-0.2 kcal per mole of CH,. It has been known for
many years that the presence of a membrane protein
affects the physical state of lipid molecules directly in

contact with the protein [136]. Therefore changes in the
cross-sectional areas of membrane proteins induced by
thermal denaturation will induce changes in the number of
lipid molecules affected by this interaction and a concomi-
tant enthalpic contribution. This protein lipid contribution
(AH,) can be written as:

AH, = AN, Ah,, = 2wAR, Ah, /R,

where AN, is the change in the number of lipid molecules
interacting with the protein upon denaturation and Ah
the enthalpy contribution per mol of lipid molecule. If the
cross section of the protein is assumed to be circular then
AN, can be approximated in terms of the change in
protein radius AR, and the radius of the lipid molecule
R,. If the bulk of the membrane is in the fluid state Ak,
can be reasonably expected to be positive. Also, 4k, is
expected to increase with chain length and to depend on
other factors known to affect the enthalpy of the gel-liquid
crystalline transition. At the present time very little is
known regarding the magnitude of the enthalpic changes
contributed by the intramembranous regions of proteins.
Systematic studies of proteins with known structures are
needed to address this issue.

7.2. The entropy change

Baldwin [10] showed that at 112°C the entropy associ-
ated with the dissolution of apolar substances in water is
nearly zero. At this same temperature, the average entropy
change for the unfolding of water soluble globular pro-
teins, after correction for protonation and ligand effects,
has been recently shown to correspond to the configura-
tional entropy change associated with the change in de-
grees of freedom of the backbone and of the side chains.
At any temperature, the entropy change can be written as:

AS(T) = AS(112) + [ AC,, ,o + AC, ,,|In[T/385.15]
(4)

Since, experimentally, the protein unfolding entropy
change at 112°C corresponds to the conformational en-
tropy change and it is known that the apolar contribution
to AS is zero at this temperature [10,139], it follows that
other contributions such as polar, vibrational, etc. are
either negligible or cancel each other. For water-soluble
proteins in the thermodynamic database, AS(112) is equal
to 4.3 + 0.2 cal K~! (mol res)~*. This figure is an average
for all amino acids weighted according to their proportion
in the database, and includes configurational entropy
changes from the backbone and from the side chains.
However, the average value is too coarse an estimate to be
used successfully to predict effects of site-directed mutage-
nesis on 7., for instance.

It has been proposed [59] that the configurational en-
tropy could be written in terms of a minimum of three
different types of contributions: (i) AS, _, ., the entropy
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change associated with the transfer of a side chain that is
buried in the interior of the protein to its surface; (ii)
AS., _ ,» the entropy change gained by a surface exposed
side chain when the peptide backbone unfolds; and, (iii)
AS,,, the entropy change gained by the backbone itself
upon unfolding. Consequently, as a first approximation,
the total entropy change can be written as:

AS = ZASeXﬂu,i+ ZASbu—vex,j+ASbb (5)

conf —
J

where the summation i runs over all amino acid side
chains and the summation j runs only over those amino
acids that are buried. The backbone entropy is a function
of the length of the peptide chain, the amino acid composi-
tion and the presence of disulfide bridges or other covalent
bonds in the backbone. As a first approximation, the value
of AS,, _,; can be equated to the side chain entropy
change associated with a helix-to-coil transition. Recently,
Creamer and Rose [37] estimated side chain contributions
to the configurational entropy change of helix-to-coil tran-
sitions in isolated peptides using Monte Carlo simulations.
According to their study, the average side chain contribu-
tion for the amino acids studied (Ile, Leu, Met, Phe, Trp,
Tyr, Val) is on the order of 0.74 cal K™' mol~!. This
value is close to the one derived previously by Nemethy et
al. [141] (0.5 cal K~! mol™1!). Creamer and Rose [37]
calculated also the configurational entropy of side chains
in the a-helix, which ranges between 0.2 and 4.7 cal K™!
mol ~!, the average being 2.8 + 1.7 cal K™! mol ' for the
amino acids studied. If it is assumed that the side chains
buried in the interior of the protein have zero configura-
tional entropy, then those entropy values can be considered
to approximate the configurational entropy change of
transferring a side chain from the interior of the protein to
its surface. Finally, in the absence of covalent links, the
backbone entropy is primarily a function of the steric
hindrances imposed by the side chains on the rotational
degrees of freedom of the peptide chain. This entropy term
is maximal for glycine, it decreases rather dramatically for
alanine and continues to decrease for larger side chains. At
the present time no accurate estimates for these contribu-
tions are available. It has been estimated that glycine
should contribute around 5.5 cal K™! mol ™! and that this
value should drop to about 3 cal K~! mol~! for alanine
[141]. The partitioning described by Eq. (5) provides a
more accurate estimation of the configurational entropy
than the simple average AS* value. The values for AS,, _, ,
and AS,,_ ., for all twenty amino acids except proline
have been estimated by Lee et al. [109]. These results are
summarized in Table 1.

In membrane proteins, the unfolding of the extramem-
branous portions is expected to be associated with confor-
mational entropy changes similar to those existing in water
soluble proteins, although in some cases the highly stable
transmembrane part might restrict unfolding of an ex-
tramembrane part. These restrictions will decrease the

Table 1

Conformational entropies for amino acids

Amino Asbu —ex Sex —u Ashb
acid (cal /K mol) (cal /K mol) (cal /K mol)
Ala 0.00 0.00 2.1
Arg 7.11 —0.84 =1.6
Asn 3.29 224 =1.6
Asp 2.00 2.16 = 1.6
Cys 3.55 0.61 =1.6
Gln 5.02 2.12 = 1.6
Glu 353 2.27 =1.6
Gly 0.00 0.00 4.8
His 3.44 0.79 =1.6
Ile 1.74 0.67 <1.6
Leu 1.63 0.25 =~1.6
Lys 5.86 1.02 =1.6
Met 4.55 0.58 =1.6
Phe 2.78 151 ~1.6
Ser 3.68 0.55 =1.6
Thr 331 0.48 =1.6
Trp 2.74 1.15 ~1.6
Tyr 4.16 1.74 =1.6
Val 0.12 1.29 <1.6

ASy, o and AS,, _,, are from Lee et al. [109). Values for AS,, are

approximations estimated from Nemethy et al. [141] (see Lee et al. [109]
for details).

entropy of the denatured state and contribute to the stabi-
lization of the native state. By contrast, the situation
regarding the entropy change is quite different for the
intramembranous regions. At the present time almost noth-
ing is known concerning the degrees of freedom of amino
acid side chains exposed to the lipid bilayer. Do they have
the same degrees of freedom as side chains exposed to
water? Does the peptide backbone inside a bilayer have
significant conformational freedom? Are there any signifi-
cant conformational entropy contributions from transmem-
brane regions to the denaturational entropy? These and
other questions discussed in this article will need to be
answered before a thorough understanding of the energet-
ics of membrane proteins can be achieved.
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